Engineered myocardial tissues can be used to elucidate fundamental features of myocardial biology, develop organotypic in vitro model systems, and as engineered tissue constructs for replacing damaged heart tissue in vivo. However, a key limitation is an inability to test the wide range of parameters (cell source, mechanical, soluble and electrical stimuli) that might impact the engineered tissue in a high-throughput manner and in an environment that mimics native heart tissue. Here we used microelectromechanical systems technology to generate arrays of cardiac microtissues (CMTs) embedded within three-dimensional micropatterned matrices. Microcantilevers simultaneously constrain CMT contraction and report forces generated by the CMTs in real time. We demonstrate the ability to routinely produce *200 CMTs per million cardiac cells ( < 1 neonatal rat heart) whose spontaneous contraction frequency, duration, and forces can be tracked. Independently varying the mechanical stiffness of the cantilevers and collagen matrix revealed that both the dynamic force of cardiac contraction as well as the basal static tension within the CMT increased with boundary or matrix rigidity. Cell alignment is, however, reduced within a stiff collagen matrix; therefore, despite producing higher force, CMTs constructed from higher density collagen have a lower cross-sectional stress than those constructed from lower density collagen. We also study the effect of electrical stimulation on cell alignment and force generation within CMTs and we show that the combination of electrical stimulation and auxotonic load strongly improves both the structure and the function of the CMTs. Finally, we demonstrate the suitability of our technique for highthroughput monitoring of drug-induced changes in spontaneous frequency or contractility in CMTs as well as high-speed imaging of calcium dynamics using fluorescent dyes. Together, these results highlight the potential for this approach to quantitatively demonstrate the impact of physical parameters on the maturation, structure, and function of cardiac tissue and open the possibility to use high-throughput, low volume screening for studies on engineered myocardium.
Introduction

C
ardiac tissue engineering is a promising pathway to address the problem of ischemic heart disease, the leading cause of death in developed countries. 1 Engineered myocardial tissues can be used to study fundamental myocardial biology, as well as to generate in vitro models of human cardiac tissue. Such models may find use in the development of clinical therapies or for the examination of the functional effects of patient-specific mutations. Furthermore, several techniques have been developed to generate cardiac tissues in vitro, with the goal of replacing damaged heart tissue in vivo. 2 The majority of such approaches have focused on pre-seeding centimeter-scale scaffolds with a variety of cell sources, [3] [4] [5] [6] [7] allowing the cells to mature under appropriate soluble and mechanical conditions in vitro and then surgically attaching the cell-based cardiac grafts to the myocardium. [8] [9] [10] [11] The use of these techniques, combined with recently developed methods for generating cardiomyocytes from human embryonic stem cells [12] [13] [14] and induced pluripotent stem cells, [15] [16] [17] is an exciting avenue for the treatment of damaged heart tissue. 18, 19 In a pioneering study, Zimmermann and colleagues demonstrated functional improvements upon implantation of engineered heart tissue in rat with left descending coronary artery ligation. However, because current engraftments have shown only modest improvements in cardiac function, there is a clear need to understand what conditions could improve the functional performance of engineered cardiac tissue. 10 Recently, several studies demonstrated that the structural and functional properties of engineered myocardium in vitro were improved by the use of electrical stimulation, [20] [21] [22] the application of cyclic mechanical stretch, 23, 24 or the incorporation of noncardiac myocyte stromal cells such as cardiac fibroblasts and endothelial cells. 25, 26 A key limitation to the advancement of cardiac tissue engineering is an inability to test each of these parameters (cell source, mechanical, soluble and electrical stimuli) in a high-throughput and combinatorial manner. Furthermore, no method currently exists that can measure both fine-scale cytoskeletal and extracellular architecture as well as cardiac contractility, the ultimate functional output of the myocardium. Due to their size, centimeter-scale constructs are too expensive to generate in a high-throughput manner and require histological sectioning to visualize cellular and extracellular architecture. In contrast, traditional two-dimensional (2D) high-throughput platforms are well established, but fail to recapitulate the mechanical and structural environment of native heart tissue.
Here we present an approach to generate cardiac microtissues (CMTs), microscale constructs of cardiac cells embedded within collagen/fibrin three-dimensional (3D) matrices, in our previously developed microfabricated tissue gauges (mTUGs). 27 These mTUGs incorporate microelectromechanical systems (MEMS) cantilevers, which simultaneously constrain and report forces generated by the CMTs in real time. We previously applied these devices to the study of fibroblast-induced collagen reorganization. 27 In that study, we also reported that plating cardiomyocytes into the mTUGs resulted in an occasional, very low frequency CMT. Here, we report the results of optimizations of this tool for high-yield CMT formation. We demonstrate the ability to routinely produce hundreds of functional CMTs from readily available cardiac cells and we monitor their spontaneous contraction frequency, duration, and forces. We examine the influence of the mechanical stiffness of the cantilevers and the extracellular matrix on the remodeling and contractility of CMTs. Moreover, we modify the initial mTUGs by introducing carbon electrodes to study the effect of electrical stimulation on cell alignment and force generation within CMTs. Finally, we demonstrate the potential of our technique for high-throughput, low volume drug screening by analyzing the dose-response effect of chronotropic and inotropic drugs on CMTs. Together, these results highlight a unique approach to examine the effects of various stimuli such as mechanical preload, matrix stiffness, electrical stimulation, or soluble factors on the structural and functional properties of engineered CMTs.
Materials and Methods
Cell culture and reagents
Cardiomyocytes were isolated from 0 to 1-day neonatal Sprague Dawley rat pups by a Trypsin digestion protocol as previously described. 28 The resulting cell population was immediately subjected to CMT generation. CMTs were cultured in high-glucose DMEM (Mediatech, Inc.) containing 10% horse serum (Invitrogen), 2% chick embryo extract (Charles River Laboratories International, Inc.), 4 mM L-glutamine, 1 mM sodium pyruvate, 100 units/mL penicillin, and 100 mg/mL streptomycin (all from Invitrogen). Cell culture medium was changed every day. Stock solution of Isoproterenol (Sigma-Aldrich) of 10 mM was made in MilliQ water and stock solution of Digoxin (GlaxoSmithKline) of 10 mM was made in DMSO. Calcium staining was obtained by incubating CMTs for 1 h with the acetoxymethyl ester of fluo-3 [fluo-3/(AM); Invitrogen] as a fluorescent dye at 2 mM in phosphate-buffered saline (PBS) with 0.02% of Pluronic F127 (BASF).
Device fabrication
SU-8 masters were fabricated following a modified version of the technique described previously. 27 Briefly, layers of SU-8 photoresist (Microchem) were patterned onto silicon wafers by successive spin coat, alignment, exposure, and bake steps. Polydimethylsiloxane (PDMS, Sylgard 184, DowCorning) mTUG substrates were molded from the SU-8 masters as described previously 29 with an additional step of embedding fluorescent microbeads (Fluoresbrite 17147; Polysciences, Inc.) into the cantilevers to accommodate computerized cantilever deflection tracking. PDMS stamps were submerged in ethanol and treated in an ultrasonic pen cleaner (Model 600; Rotex Co.) to displace air trapped in the inverted pattern. After 5 min, the stamps were transferred into the wells of a six-well plate and 10 mL of ethanol and fluorescent bead solution (3000:1) was added to each well. The six-well plates containing stamps were then centrifuged for 1 min at 1000 rpm to settle the fluorescent beads into the pattern on the stamps. The ethanol was then allowed to evaporate overnight at room temperature, leaving the beads behind covering the entire patterned surface. PDMS molds were then cast onto the stamps to produce the final mTUG substrates. As a result, the fluorescent beads covering the stamp were embedded in the surface of the substrates.
Calculation of cantilever spring constant
Cantilever spring constants were calculated utilizing a capacitive MEMS force sensor mounted on a micromanipulator as described previously. 30 Images of the sensor tip and cantilever head were acquired during each test using an Olympus FV1000 confocal microscope with an air-immersion 0.4 NA 10 · objective. To account for local deformation of the PDMS material around the sensor, the spring constant of the MEMS sensor was calibrated against the side of the PDMS well, which can be viewed as an elastic half space of the same material modulus as the PDMS cantilevers and was found to be 104 -1.9 nN/mm. This value was then used for the subsequent measurements of the force required for cantilever bending. For each measurement, the sensor tip was placed 20 mm below the top of the post and the probe translated laterally against the outer edge of the cantilever using a custom-written Lab View (National Instruments) script. The probe base was displaced *150 mm for each measurement. The displacement of the probe tip (and thus of the cantilever head) was calculated from the spring constant measured previously and the reported sensor force and was verified visually during the deformation. Five cantilevers were measured across a substrate and measurements were repeated for three different substrates of each condition.
Cantilevers were found to have linear responses up to *30 mm of deformation, beyond which the response became nonlinear. As the cantilever deformations observed in this paper were all below 30 mm, this section was fit using a linear fit. The spring constant of the rigid and flexible cantilevers across a substrate was found to be 0.45 -0.10 mN/mm and 0.20 -0.03 mN/mm, respectively.
Microtissue seeding
Before cell seeding, the PDMS templates were sterilized in 70% ethanol followed by UV irradiation for 15 min and treated with 0.2% Pluronic F127 for 60 min to reduce cell adhesion. A reconstitution mixture, consisting of 1 mg/mL or 2.5 mg/mL liquid neutralized collagen I from rat tail (BD Biosciences) and 0.5 mg/mL fibrinogen from bovine plasma (Sigma-Aldrich), was then added to the surface of the substrates on ice and templates were degassed under vacuum to remove bubbles in the liquid. A cooled suspension of half a million cells within reconstitution mixture was then added to the substrate and the entire assembly was centrifuged to drive the cells into the micropatterned wells, resulting in approximately 500 cells per well. Excess collagen/fibrinogen and cells were removed by de-wetting the surface of the substrate before incubating at 37°C to induce collagen polymerization. The appropriate media were then added to each substrate. By using a live/dead cell viability assay (Invitrogen), we estimated cell viability over time. The average ratio of living cells after seeding in the mTUGs is of 64% -9%, statistically similar to the viability right after isolation (69% -11%), and slowly decreases to 46% -13% after 7 days of culture.
Force quantification
For quantifying microtissue forces, brightfield and fluorescence images were taken at 20 Hz within each template, using a Photometrics Evolve EMCCD camera (Photometrics), and an A-Plan 10 · objective on a Nikon Eclipse Ti (Nikon Instruments, Inc.) equipped with a live cell incubator. Only tissues that were uniformly anchored to the tips of the cantilevers were included in the analysis. The displacement of fluorescent microbeads at the top of the cantilevers was then tracked with using the SpotTracker plug-in 31 in ImageJ (National Institutes of Health).
Electrical stimulation
Electrical stimulation was started 3 days after cell seeding, by placing two carbon electrodes (1/4 in diameter; Ladd Research Industries) on the sides of the samples (separated by 2 cm), connected through platinum wires to a stimulator as described previously. 21 Voltage threshold (VT) is the minimum voltage at which the CMTs are observed to beat synchronously under electrical field stimulation at 1 Hz using 1 ms square biphasic pulses. Maximum capture rate (MCR) is defined as the maximum pacing frequency for synchronous contractions at *20% over VT. Continuous stimulation was achieved by using biphasic square pulses of 1 ms at 6 V/cm and 0.2 Hz. 22 Immunofluorescence and image analysis Microtissues were fixed with 4% paraformaldehyde in PBS, permeabilized with 0.2% Triton X-100 in PBS, incubated with antibodies against troponin T (Thermo Scientific), and detected with fluorophore-conjugated, isotype-specific, antiIgG antibodies and counterstained with DAPI (Invitrogen). Alignment was quantified from DAPI images by fitting ellipses with ImageJ. Nuclei were considered aligned when the angle between their long axis and the x-axis (the axis joining the two cantilevers) was less than 20°. Cross-sectional areas were estimated from z-stack images obtained with a 40 · water-immersion objective attached to a laser scanning microscope Zeiss LSM 510 (Carl Zeiss, Inc.).
Statistical comparisons
Statistical comparisons were based on an analysis of variance for pairwise comparisons ( p < 0.05 was considered significant).
Results
Generation of CMTs
To generate microscale constructs of cardiac cells within collagen/fibrin 3D matrices, we microfabricated arrays of wells within a PDMS mold. The mold was immersed in a suspension of cells and reconstitution mixture (liquid neutralized collagen I and fibrinogen) and the entire assembly was centrifuged to drive the cells into the micropatterned wells. Excess collagen/fibrinogen and cells were removed and the remaining constructs were polymerized. Over time of cultivation, the cells spread inside the matrix, form cellcell contacts, and spontaneously compact the matrix over several days (Fig. 1A) . Two T-shaped cantilevers incorporated within each template anchor the contracting matrix, constraining the contraction of the collagen/fibrin matrix to form a linear band that spanned across the top of the pair of cantilevers. This resulted in a large array of CMTs anchored to the tips of the cantilevers per substrate. The spring constant of each cantilever could be controlled by altering the ratio between PDMS and curing agent. We used linear bending theory and experimental measurements to report the load-displacement relationship for two different ratios PDMS/curing agent, leading to measured spring constants of 0.45 and 0.20 mN/mm. These spring constants were then used to link the measured cantilever deflections to the amount of force generated by CMTs (Fig. 1B) .
After cell seeding, at day 0, the collagen/fibrin matrix contained evenly distributed, amorphous, round heart cells (Fig. 1A) . Over time, cells elongated, aligned along the axis between the cantilevers, and started to beat as single cells at days 1-2 at a spontaneous frequency of 1.1 -0.1 Hz. Remodeling and compaction of the matrix led to a slower and coherent beating, rhythmically deflecting the posts at 0.5 -0.1 Hz after day 3 (Fig. 1C) , and to a marked reduction of construct size (final diameter 50-70 mm at the thinnest portion of the construct at day 7). The beating frequency is slower than the beat rate of an intact adult rat heart (5-7 Hz) 10 or a neonatal rat heart (4-6 Hz) 32 but close to frequencies measured in centimeter-scale cardiac tissues generated from isolated cardiomyocytes. 5, 33 Over time of cultivation, the total contraction duration (contraction and relaxation) appeared to be roughly stable around 0.25 -0.01 s (Fig. 1D) , similar to contraction durations measured in centimeter-scale cardiac tissues. 23 
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Influence of the stiffness of the environment
Interestingly, the spring constant of the cantilevers impacted both the dynamic and the static tension generated by cells. The dynamic tension is defined as the force exerted during contractile beatings of CMTs and is only due to cardiomyocytes whereas the static tension is due to the baseline tonic traction of all the cells that leads to the compaction of the matrix (Fig. 1B) . Indeed, by staining for troponin-T, we determined that our native cell isolate contained 58% -3% cardiac myocytes and it has been shown that native myocardium consists of multiple cell types, including cardiomyocytes and up to 50% of nonmyocytes (fibroblasts and endothelial cells), which are actively involved in crosstalk. 34 Beating contractions of CMTs tethered to flexible cantilevers (k = 0.20 mN/mm) at day 5 generated 2.39 -0.24 mN whereas CMTs tethered to more rigid cantilevers (k = 0.45 mN/mm) generated twofold more force (Fig. 2A) . The static tension was also lower between flexible cantilevers than CMTs between rigid cantilevers but the relative impact was less substantial (6.03 -0.36 vs. 8.25 -0.61 mN, respectively). The lower contractility of CMTs tethered to flexible cantilevers appeared to result in decreased compaction of the collagen/ fibrin matrix by the cells (Fig. 2B) , resulting in 3.4-fold lower dynamic cross-sectional stress (i.e., tension normalized by the cross-sectional area) and twofold lower static cross-sectional stress at day 5 (Fig. 2C, D) . These cross-sectional stresses are lower than those measured in intact heart muscle 35 or in centimeter-scale engineered tissues. 5 This may be due to low number of cardiac cells in our constructs and their short maturation time (only 7 days). In addition to the cantilever stiffness, we examined the influence of the bulk modulus of the collagen/fibrin matrix on the contractility of CMTs. We observed that the static tensions increased when the collagen density was increased from 1.0 to 2.5 mg/mL (Fig. 3A) . However, this higher static tension in CMTs constructed from 2.5 mg/mL collagen was not sufficient to overcome the increased rigidity of the denser collagen matrix (Fig. 3B) , thus leading to less matrix remodeling and lower values of both dynamic and static stresses (Fig. 3C, D) . These results highlight an interesting difference in the relative feedback of boundary rigidity versus matrix stiffness on CMT contractions. Whereas both stiff cantilevers and stiff matrix result in higher cell tension, the cell alignment stays limited by the mechanical resistance of the stiff matrix, leading to lower cross-sectional stress.
Electrical stimulation and calcium signaling
By modifying the mTUGs, we were able to insert two parallel carbon electrodes on both sides of the arrays and thus stimulate simultaneously arrays of CMTs (Fig. 4A and Supplementary Movie S1; Supplementary Data are available online at www.liebertonline.com/tea). Electrical stimulation (biphasic pulses, 6 V/cm, 0.2 Hz, 1 ms) was initiated 3 days after cell seeding and maintained until day 7. We examined the functionality of CMTs every day by three parameters: voltage threshold (VT), maximum capture rate (MCR), and cross-sectional stress. VT and MCR were found to be stable over days and similar for nonstimulated (VT = 3.6 -0.1 V/cm and MCR = 7.0 -0.3 Hz) and stimulated CMTs (VT = 3.5 -0.1 V/cm and MCR = 7.2 -0.3 Hz) (Fig. 4B, C) . The obtained VT and MCR values are slightly higher than those measured previously, which maybe explained by the use of nonenriched cardiac cells in our study. 20, 21 Interestingly, continuous electrical stimulation tends to accelerate the generation of higher dynamic contraction stress (587 -61 Pa vs. 419 -69 Pa at day 4, after 24 h of stimulation) and to strongly increase the generated static stress (almost twofold higher at day 7 after 4 days of stimulation) (Fig. 4D) . We quantified the cell alignment by staining cell nuclei before measuring their orientation ( Fig. 5A-E) . About 75% of the nuclei are aligned along the CMT long axis at day 4 in the case of stimulated CMTS, after only 24 h of stimulation, whereas nonstimulated CMTs reach this level of organization after 6 days of culture (Fig. 5E ). These data support previous results suggesting that electrical stimulation provides cardiomyocytes with maturation signals.
In addition, we examined whether electrical signals conduct across the engineered tissues by exposing constructs to a fluorescence-based calcium indicator and taking fluorescence images at 30 Hz. We observed spontaneous, periodic calcium release in cells within the CMTs, but most notably, we observed synchronized calcium release across the entire microtissue ( Fig. 5F and Supplementary Movie S2). We were able to measure both the fluorescence level within the tissue and the displacement of the pillars. Examining time traces of calcium release and tension exerted by the tissue, the two profiles have a similar shape, with the measured tension 
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slightly phase-delayed compared to the calcium release (Fig. 5G ). This synchronized calcium release was observed with coherent beating and the maturation of the CMTs after *3 days of culture, and was associated with the development of sarcomeric structures ( Fig. 5A-E) . Immunostaining of CMTs initially showed almost random network of troponin-T-positive cardiac myocytes at day 3 (Fig. 5A, B ) that longitudinally aligned and elongated, with well-developed parallel cross-striation pattern, consistent with sarcomeric structures, after 7 days of culture (Fig. 5C, D) .
Drug testing
To demonstrate the potential of these CMTs for studying responses to pharmacologic agents, we examined whether CMTs responded appropriately to two well-known cardiac compounds, isoproterenol and digoxin. To study the dose response of the CMTs to these compounds, we varied their concentrations from 1 nM to 10 mM and measured the dynamic stress and the spontaneous frequency of CMTs after 1 h (Fig.  6 ). Isoproterenol is a b-adrenergic agonist with a well-known positive chronotropic effect 36, 37 whereas digoxin is a cardiac glycoside that inhibits Na + /K + -ATPase (sodium pump), 38, 39 activates sarcoplasmic reticulum Ca 2 + -release channels, 40 and induces positive inotropic effects. 40, 41 Isoproterenol had no effect at 1 nM, a slight positive inotropic action (increase in contractility) at 10 and 100 nM, and a slight negative inotropic effect (decrease in contractility) at 1 and 10 mM. In contrast, isoproterenol had a strong positive chronotropic action at 1 and 10 mM, doubling the spontaneous frequency at 1 mM and tripling it at 10 mM. Digoxin led to a positive inotropic response between 1 nM and 1 mM, with a maximal stress increase of 22% -4% at 1 mM. At 10 mM, digoxin appears to be cardiotoxic with almost no inotropic effect but a strong negative chronotropic effect with a spontaneous frequency dropping under 0.04 -0.01 Hz. These results demonstrate that the mechanical response of CMTs could be used to understand the functional consequences of pharmacologic agents.
Discussion
The potential uses of engineered myocardial tissues are both diverse and powerful. Recent studies reported that the key modulators of engineered myocardium are not only the cell composition, differentiation, and orientation, 3, 23, 34 but also the embedding matrix composition 5, 42 and the external stimuli such as cyclic stretching or electrical stimulation. 21, 23, 43, 44 In response to these inputs, the most important outputs of engineered heart tissues are force generation and contraction characteristics. Unfortunately, few platforms are available to measure force, a limitation starkly highlighted by the fact that current protocols for deriving cardiomyocytes from stem cells and induced pluripotent stem cells rely on staining for cardiac myocyte markers, [12] [13] [14] [15] [16] [17] rather than on force generation. Here we try to bridge this gap by providing a simple approach to generate micrometer-scale cardiac tissues from neonatal rat heart cells and to measure the forces and mechanical stresses they exert during matrix remodeling and twitch contractions.
Our technique allows the routine preparation of *200 CMTs per million cardiac cells ( < 1 neonatal rat heart) that are well-suited for examining how biomechanical cues influence the structure and function of engineered myocardial tissue. Within days of cultivation, we observed the compaction of the matrix by the cells, which bends the posts toward each other. The reactive force of the posts imposes a mechanical preload on each construct. Previously, it has been shown that performing contractile work against elastic boundaries (also called ''auxotonic'' load), similar to the beating heart against the elastic resistance of the circulation, improves cardiac tissue development. 10 Elastic boundaries thus enhance the development of the sarcoplasmic reticulum in cardiomyocytes, resulting in higher cell tension, 5, 10 as confirmed by the large forces generated by CMTs tethered to our cantilevers. This high cell tension leads to a strongly compacted extracellular matrix, an increased alignment of the cells, and a better development of the sarcomeric structures, resulting in a higher cross-sectional stress generated by the tissue. Previous studies using 2D substrates have demonstrated that substrate stiffness can regulate cardiac function. Indeed, following a myocardial infarction, beating cardiomyocytes are replaced by a fibrotic scar (E & 35-70 kPa) that is several-fold stiffer than normal myocardium (E & 5-15 kPa) 45 and it has been shown recently that spontaneous contractions, 42 cytoskeletal organization, 46 or differentiation 47 of cardiomyocytes were strongly influenced by such change in stiffness. Here we demonstrated that the density of 3D collagen/fibrin matrix can feedback to increase contractile forces of cardiac cells embedded within it.
Simultaneously, the matrix composition has a direct impact on the ability of the cells to reorganize within the matrix and to remodel it. We thus found that a denser matrix is less compacted by the cells, resulting in a poor alignment of the cells and a lower efficiency of the cardiac tissue, characterized by the generated cross-sectional stress. By inserting carbon electrodes within the mTUGs, we showed that electrical stimulation induces a better compaction of the matrix by the cells and a faster alignment of the cells, improving the cell coupling. By forcing the CMTs to beat periodically over days, electrical stimulation may also increase the positive effect of the auxotonic load due to the stiff cantilevers and leads to higher cross-sectional stress. The combination of electrical stimulation and auxotonic load thus appears to strongly improve both the structure and the function of the CMTs while demonstrating the fundamental importance of biomechanical cues as regulators of myocardial structure and function. We also demonstrated that our microtissue assay is suitable for high-throughput monitoring of drug-induced changes in spontaneous frequency or contractility in CMTs. The micrometer scale of the CMTs allows for rapid penetration of soluble effectors into the constructs. Both isoproterenol and digoxin produced reproducible, dose-dependent effects on microtissue contractility and beating frequency. Because it has minimal effects on beating frequency, the dose-response studies with the Na + /K + -ATPase inhibitor digoxin demonstrated clear thresholds for both inotropic and toxic effects, with values that are typical for this compound. 41 In contrast, the b-adrenergic agonist isoproterenol demonstrated dosedependent chronotropic responses, but rather blunted inotropy compared with findings typical of native rat myocardium. 48 This discrepancy in contractile responses could be due to immature b-adrenergic signaling in neonatal cardiomyocytes at day 7 or a confounding negative effect of increased beating frequency on contractility since rat myocardium is known to have a frequency-dependent force production. [49] [50] [51] In conclusion, the overall similarity of structural and functional characteristics between CMTs and in vivo heart muscle is promising and our novel method for CMT generation opens the potential to high-throughput, low volume screening applications. Moreover, the model's ability to quantitatively demonstrate the impact of physical parameters on the maturation, structure, and function of cardiac tissue provides unique opportunities to elucidate mechanisms of load-dependent myocardial remodeling in stable, 3D, working muscle preparations. Most importantly, the model provides reproducible contractile phenotyping that is virtually absent in 2D culture models. These same attributes will likely provide valuable opportunities to elucidate how biomechanical, electrical, biochemical, and genetic/epigenetic cues modulate the differentiation and maturation of stem cells. Thus, combining stem cell differentiation and microtissue engineering could pave the way to the production of high-quality functional myocardium from stem cells, opening an exciting avenue for the treatment of damaged heart tissue.
